Aims Mechanisms of subsoil carbon sequestration from deep-rooted plants are elusive, but may contribute to climate change mitigation. This study addressed the role of root chemistry on carbon mineralization and microbiology in a temperate agricultural subsoil (60 and 300 cm depth) compared to topsoil (20 cm depth). Methods Roots from different plant species were chemically characterized and root-induced CO 2 production was measured in controlled soil incubations (20 weeks). Total carbon losses, β-glucosidase activity, carbon substrate utilization, and bacterial gene copy numbers were determined. After 20 weeks, resultant carbon mineralization responses to mineral nitrogen (N) were tested. Results Root-induced carbon losses were significantly lower in subsoils (32-41%) than in topsoil (58%). Carbon losses varied according to root chemistry and were mainly linked to root N concentration for subsoils and to lignin and hemicellulose concentration for topsoil.
Introduction
Sustainable food production systems are required to meet the global food demand arising from the projected population increase to 9 billion people by 2050 (Godfray et al. 2010 ). Increasing crop yields on existing farmland is essential, but may be challenging without compromising environmental quality (Pretty 2008) . For example, intensive cereal cropping systems are often associated with nitrate (NO 3 − ) leaching, soil acidification, and gaseous nitrous oxide (N 2 O) emissions due to high nitrogen (N) inputs and insufficient duration of vegetation cover to retain N in the agroecosystem (Ju et al. 2009 ). Also, intensive cropping systems may lead to net mineralization and losses of soil organic carbon (SOC), which may threaten soil qualities and functions (Powlson et al. 2011) and further contribute to increasing atmospheric carbon dioxide (CO 2 ) concentrations.
Among sustainable management options to improve food production systems is the exploitation of subsoil resources (e.g., water and nutrients) by deep-rooted crops (Lynch and Wojciechowski 2015) . Although not precisely defined, subsoil generally refers to soil below the O and/or A horizon, and deep-rooted crops have roots below the typical rooting depth of <1 m for common cultivated agricultural crops (Maeght et al. 2013) . Resource exploitation by deep-rooted crops could be important in systems with low reliance on external inputs, but also in intensive cropping systems where nutrients leached below the typical rooting depth can be assimilated rather than lost to aquatic ecosystems Ribaudo et al. 2011 ). Deployment of deep-rooted crops has further been suggested to contribute to climate change mitigation by increasing CO 2 assimilation and by transferring root biomass and exudates into deep soil layers, where eventual sequestration of SOC may occur (Chirinda et al. 2014; Lorenz and Lal 2005) .
Despite the importance of subsoils in enhancing crop yields and carbon sequestration, there are still major uncertainties concerning the mechanisms controlling carbon decomposition and SOC stabilization through deployment of deep-rooted crops (Rumpel and Kögel-Knabner 2011) . Basically, soil carbon sequestration is determined by the balance between carbon input and losses (Amundson 2001) . Therefore, sequestering subsoil carbon could be achieved through higher inputs in combination with slow mineralization of root-derived organic carbon (Lorenz and Lal 2005) . Recent studies have suggested that decomposition of root carbon to some extent is regulated by inherent root chemical differences related to fast or slow degradation kinetics, such as contents of lignin, polysaccharides, polyphenols, and soluble fractions as well as C/N ratios (Prieto et al. 2016; Zhang and Wang 2015) . Yet, prediction of root decomposition as function of chemical quality is complex; moreover eventual carbon stabilization may depend on microbial growth and activity with products of anabolism forming the primary long-term stabilized carbon compounds (Cotrufo et al. 2015; Liang et al. 2017) . Especially for subsoils, where the inherent microbial biomass and activity is generally low (Fierer et al. 2003b; Taylor et al. 2002) , the interactions between root-derived carbon input, microbial physiology, and SOC turnover have to be further elucidated for exploitation of agroecosystems in climate change mitigation.
The aim of the present study was to specify the role of root chemical composition on carbon mineralization dynamics in topsoil and subsoil horizons of a temperate agricultural sandy loam soil. Different plant roots were chemically characterized and introduced in soil horizons down to 300 cm depth in controlled incubation experiments to trace the resulting net carbon mineralization. Also, the influence of root and soluble carbon input on microbial processes in these soil compartments was examined and, in particular, the role of root N content for co-stimulation of net carbon mineralization and microbial enzyme activity was addressed.
Materials and methods

Soil profile and soil sampling
Soil was sampled in December 2015 from an excavated soil profile (0-300 cm) at an unfertilized grass field at Foulumgaard Experimental Station, Denmark (56°29'N, 9°34′E). The area has Atlantic climate with mean annual air temperature of 7.3°C and precipitation of 704 mm (Olesen et al. 2000) . The soil type was a typical moraine deposit with an upper black Ap horizon (0-40 cm) representing a sandy loam classified as Typic Hapludult. Below the Ap horizon was a slightly weathered Bw 1 horizon (40-70 cm) overlaying a Bw 2 horizon showing signs of clay accumulation (70-100 cm). Root fragments were observed in the A and Bw 1 horizons. The lower part of the soil profile was a uniform clayey C horizon (100-300 cm). Both the B and C horizons were light brown without visual signs of anoxic conditions (such as pseudogleys). This was corroborated by in situ redox potentials (Eh) of 575-654 mV throughout the soil profile as measured by platinum electrode pushed into freshly exposed soil surfaces (Kjaergaard et al. 2012) .
Soil was sampled from seven depths of 20, 60, 100, 150, 200, 250 , and 300 cm. Three soil samples (n = 3) were collected at each depth, i.e., representing one sample from each of three sides of the soil excavation. Soils for bulk density analyses were sampled in 100-cm 3 metal rings, whereas soils (~100 g) for phospholipid fatty acid (PLFA) analyses were sampled in zip-locked plastic bags and stored at 2°C until analysis (within 4 weeks). All other analyses were done with soil samples (~2 kg) that were air dried, sieved (< 2 mm), and stored (2°C) until use (within 4-12 weeks).
Physico-chemical and microbial soil profile analyses
Total carbon (TC) and N (TN) were determined using a Thermo Flash 2000 NC Analyzer (Thermo Fisher Scientific, Delft, The Netherlands) as previously described (Taghizadeh-Toosi et al. 2014) . The soil samples were devoid of carbonates (effervescence test) and TC was considered SOC. Total phosphorous (TP) was measured colorimetrically (Spectronic Helios Alpha, Thermo Scientific) using the molybdic blue method (ISO 2004) after digestion (1 h, 250°C) of 0.1 g ball-milled soil in 1 mL concentrated HClO 4 . Total S was measured with pooled soil samples from each depth by combustion of 1-g ballmilled soil samples at 1100°C on a vario MAX cube CNS analyzer (Elementar Analysensysteme GmbH, Germany). Mineral N (i.e., NO 3 -N and NH 4 -N), Olsen-P, and available K weres determined as previously described after soil extraction (30 min) with 1 M KCl, 0.5 M NaHCO 3 , and 0.5 M NH 4 Ac, respectively (Sørensen and Bülow-Olsen 1994) . Soil pH was measured by glass electrode in a soil-to-solution ratio of 1:2.5 (wt/wt) using 0.01 M CaCl 2 . Bulk density and gravimetric water content were determined after oven drying at 105°C for 24 h. Soil texture was analysed by wet sieving and hydrometer methods (Gee and Bauder 1986 ) with pooled soil samples from each depth, and results were reported as proportions of clay (<2 μm), silt (2-63 μm), and sand (63-2000 μm).
Microbial analyses included arylsulfatase activity, β-glucosidase activity, and PLFA concentrations. Arylsulfatase activity was measured with duplicate 2-g samples soil mixed with 4 mL acetate buffer (0.5 M, pH 5.8) and 1 mL p-nitrophenyl-sulfate (20 mM) as previously described in detail by Elsgaard et al. (2002) . β-Glucosidase activity was determined with duplicate 1-g soil samples amended with 4 mL modified universal buffer (pH 6) and 1 mL p-nitrophenyl-β-D-glucoside (25 mM) according to Eivazi and Tabatabai (1988) . Samples were incubated on a rotary shaker at 150 rev min
for 2 h at 20°C and the reaction was stopped by adding 4 mL TRIS buffer (pH 12) and 1 mL CaCl 2 , followed by centrifugation (10 min, 3000 g). Absorbance of the supernatant was measured at 400 nm for quantification of produced p-nitrophenol (NP). PLFA concentrations were analysed according to Petersen et al. (2002) . Briefly, PLFAs were extracted from 2.5 g fresh soil with a modified single-phase Bligh-Dyer extraction followed by solid-phase extraction on 100-mg silica columns. PLFAs were subjected to alkaline trans-esterification and resulting fatty acid methyl esters (FAMEs) were dissolved in hexane for analysis by gas-chromatography (GC) coupled to mass spectrometry (Department of Biology, Lund University, Sweden). Internal standards with methyl tridecanoate and methyl nonadecanoate were added for quantification of FAMEs. Nomenclature and use of FAMEs as biomarkers was adapted from Fierer et al. (2003b) , distinguishing between signatures for gram-positive bacteria (i-C14:0, i-C15:0, a-C15:0, i-C16:0, i-C17:0, a-C17:0), gram-negative bacteria (cy-C17:0, cy-C19:0, C15:1ω4c, C16:1ω9c, C17:1ω9c, C18:1ω7c, C18:1ω9c), and fungi (C18:2ω6c).
Plant roots
For isolation of root biomasses with different chemical properties, five plant species from different taxonomic families were cultured (Table 1) , representing species of Asteraceae (Artemisia vulgaris L.), Brassicaceae (Isatis tinctoria L.), Fabaceae (Medicago sativa L.), Polygonaceae (Rumex crispus L.) and Poaceae (Miscanthus × giganteus Keng). The plants were grown in a laboratory set-up with 13-cm diameter and 1-m deep darkened Plexiglas cylinders, where the upper part (0-30 cm) was filled with loamy topsoil and the lower part (30-100 cm) was filled with sandy subsoil. Three cylinders were prepared for each plant species. After a growth period of two months (May to July 2015), roots were collected from the topsoil and subsoil by separating the soil under running water on a sieve with 0.425 mm diameter openings. The recovered roots were dried at 60°C (48 h) for determination of dry weight. The dried root residues were ground (< 2 mm) and stored in sealed plastic bags for soil incubation experiments. Subsamples of 5 g were ball-milled for analysis of root chemical composition.
Root chemistry TC and TN concentrations were analysed for topsoil and subsoil roots from each plant cylinder (Thermo Flash 2000 NC Analyzer) and corrected for ash fractions, determined after ignition in a muffle oven (6 h, 550°C). Fractions of soluble materials (SOL), hemicellulose (HEM), cellulose (CEL), and lignin (LIG) were determined by fiber digestion methods (Van Soest 1963) . Root samples (0.5 g) were digested by boiling for 1 h in 100 mL of neutral detergent solution (for recovery of neutral detergent fibers, NDF) or in 100 mL of acid detergent solution (for recovery of acid detergent fibers, ADF) using a Fibertec 2010 Auto Fiber Analysis System (FOSS, Hillerød, Denmark). After digestion, suspensions were vacuum-filtered in a filter crucible and recovered fibers were rinsed repeatedly with hot distilled water and acetone. The fiber materials were dried overnight (105°C) and weighed; subsequently ash fractions were determined (6 h, 550°C). For determination of acid detergent lignin (ADL), a separate ADF digestion was followed by digestion with 12 M H 2 SO 4 (24 h) prior to further treatment. NDF, ADF and ADL were calculated as the respective weight percentage of recovered fiber materials (corrected for ash fractions) and used for assessment of SOL (100% minus NDF), HEM (NDF minus ADF), CEL (ADF minus ADL), and LIG (ADL) according to Van Soest (1963) .
Effect of root chemistry on carbon mineralization and soil microbiology Incubation studies to measure carbon mineralization and related soil microbiology was performed with six selected root samples and excavated soil from the A (20 cm), B (60 cm), and C (300 cm) horizons. Root samples were selected to represent divergent root chemical composition, rather than selecting specifically for topsoil or subsoil roots. For one species (M. sativa), topsoil and subsoil roots were mixed to provide sufficient root material for the incubation experiment.
The incubation experiment had a full factorial design with three replicates. Roots and the equivalent of 50 g dry soil were mixed in 130-mL glass flasks at a concentration of 2.5 mg root C g −1 soil (equal to~10 Mg C ha −1
). The flasks were covered with parafilm punctured by a needle to allow gas exchange while minimizing moisture loss. The soil moisture was adjusted to 40% of water-holding capacity (WHC) and maintained throughout the incubation period (20 weeks) by weighing (weekly) and readjusting with deionized (DI) water. The packing density was 1.3 and 1.7 g soil cm −3 for topsoil and subsoils, respectively. Soil reference treatments were made without roots (i.e., with DI water only) and positive mineralization controls were made without roots, but with added glucose (2.5 mg C g −1 soil) and nutrient salts solutions (KNO 3 , KH 2 PO 4 , and K 2 SO 4 ), to a resulting C:N:P:S ratio of 100:10:1:1 (glucosenutrient treatment; referred to as GN). The treatments, as outlined above, were prepared in four complete sets (each with n = 3), enabling four destructive samplings for soil TC and microbial analyses, i.e., initially (2 h after preparation) and after incubation for 1, 5 and 20 weeks at 20°C in the dark. Soil CO 2 production (see below) was measured recurrently during the incubation period using the same set of incubation flasks; this set was used for the last destructive sampling. At destructive samplings, each soil sample was mixed and stored at 2°C (less than 2 weeks) for soil microbial assays or frozen at −80°C for subsequent TC and bacterial gene copy analyses.
Carbon mineralization
Rates of CO 2 production was measured with a LI-COR 840 infrared gas analyzer (LI-COR, Inc., Lincoln, NE) coupled to a pump (0.01 L s −1 ) and a data logger (Kandel et al. 2016) . The measuring frequency ranged from daily to monthly at the end of the experiment. Measurements were done by connecting the LI-COR to individual sample flasks via inlet and outlet tubing (inner diameter, 5 mm) inserted through a rubber stopper fitting the flasks. CO 2 concentrations were recorded at 1-s intervals for 1-5 min (depending on CO 2 production rate). Resulting rates (μg CO 2 -C g −1 soil h −1 ) were calculated based on slopes of linear regression.
To determine the total net carbon mineralization (i.e., root-induced carbon loss), TC in soil from all treatments were analysed (Thermo Flash 2000 NC Analyzer) at destructive sampling times of 1 and 20 weeks. Rootinduced carbon losses, including potential priming effects, were calculated as the difference between nominally added TC and TC measured after 1 and 20 weeks of incubation. These root-induced carbon losses were corrected for carbon losses in reference treatments.
Microbial activity
Soil from destructive samplings was analysed for β-glucosidase activity (earlier described) and for carbon source utilization (CSU) using the MicroResp procedure (Campbell et al. 2003 ) with 0.3 g topsoil or 0.4 g subsoil in 1.2-mL deep-wells (96-well microtiter plates). Three carbon substrates (and DI water as reference) were tested, i.e., N-acetyl-D-glucosamine (NADG), D-glucose, and vanillin. The latter (a lignin degradation product) was included as representative of recalcitrant plant compounds (Banning et al. 2012 ). NADG and Dglucose were added in 25-μL portions to deliver 30 mg substrate g −1 soil water, whereas the less soluble vanillin was added to deliver 7.5 mg substrate g −1 soil
water. Final soil water contents corresponded to~60% WHC. The CO 2 evolved from CSU during incubation (4 h, 20°C) was quantified by spectrophotometric analysis of detector plates (Campbell et al. 2003 ) in a microplate reader at 570 nm (SPECTROstar Nano, BMG LABTECH). A calibration curve was prepared from detector plates equilibrated with precise CO 2 concentrations that were verified by GC analysis on an Agilent 7890 GC system (Petersen et al. 2012) . A repeated measurement of CSU was performed after 1 day of soil exposure to the carbon sources in the deep-wells, i.e., to allow for brief adaptation of the metabolic mineralization processes. For this purpose, and following the original MicroResp assay, the deepwell plates were covered with parafilm and placed at 20°C in the dark until MicroResp assays were repeated with fresh detector plates.
As a final assay, subsoils from the last destructive sampling (week 20) were conditioned for MicroResp and amended with KNO 3 to 0.25 mg N g −1 soil (but not with carbon substrates). The nitrate-induced respiratory response of residual carbon in the soil was followed by repeated MicroResp assays (as described above) during 12 days.
Bacterial gene copies
DNA was extracted from 7 to 10 g soil using PowerMax Soil DNA Isolation kit (MO BIO Laboratories, Inc.) following the manufacturers protocol. The concentration and purity of extracted DNA was assessed using a NanoDrop ND-1000 spectrophotometer (Thermo Fisher Scientific). Quantitative PCR (qPCR) was performed on a MX3000P using the Brilliant III Ultra Fast SYBR Green QPCR Master Mix (Agilent Technologies) and the universal 16S rDNA bacterial primers 907F 5'-AAACTYAAAGGAATTGACGG-3′ (Lane et al. 1985) and 1492R(l) 5'-GGTTACCTTGTTACGACTT-3′ (Turner et al. 1999) . Each 20-μL reaction contained 2 μL of 1:10 diluted DNA extract, 1 μg μL −1 BSA (New England Biolabs, Inc.), 1 × Master Mix, and 0.4 μM of each primer. Thermal cycling conditions were 3 min at 95°C followed by 35 cycles of 15 s at 95°C and 20 s at 57°C. A final melt curve was included according to the default settings of the MxPro qPCR software (Agilent Technologies). A plasmid standard curve was established based on the pCR 2.1 TOPO vector (Invitrogen Life Technologies) with a Data are shown as means (n = 3) except for total sulfur (TS) and texture (n = 1). Numbers in bold show the properties in soil horizons used for incubation studies with different letters indicating significant (P < 0.05) differences between depths (except for TS and texture)
SOC soil organic carbon, TN total nitrogen, TP total phosphorus
Pseudomonas putida mt2 16S rRNA gene insert. The range of the standard curve covered six orders of magnitude and revealed an efficiency of 72%. From the quantification of 16S rRNA gene copies, bacterial cell numbers were estimated using the average value of 4.7 gene copies cell −1 from the Ribosomal RNA Database, rrnDB (Stoddard et al. 2014 ).
Statistical analyses
Measures of central tendency and dispersion were reported as means and standard error (SE) with n = 3 unless otherwise indicated. One-way analysis of variance (ANOVA) was used to test the effect of soil depth on soil physico-chemical parameters. Student's t test was used to test the difference between topsoil and subsoil root chemical compositions for individual plant species. Two-way ANOVA was used to test the effect of soil depth and treatment (root materials and GN) on net carbon mineralization at week 1 and 20. Two-way ANOVA was also used to test bacterial gene copy numbers in relation to incubation time and treatments. Data for SOC and bacterial gene copy numbers were log transformed to comply with assumptions of normality and homoscedasticity (Kolmogorov-Smirnov test and Levene's test respectively; P < 0.05). Significant ANOVA tests (P < 0.05) were followed by post-hoc pairwise multiple comparisons using the Newman-Keuls test (Zar 2010). The relationships between root chemical composition and net carbon mineralization were analysed by Pearson productmoment correlation. All analyses were performed using SigmaPlot version 11.0 (Systat Software, Inc.).
Results
Soil profile characteristics
Topsoil at the sandy loam profile had 21.4 mg SOC g −1 and 1.6 mg TN g −1 (Table 2) , which together with the clay content (7.7%), pH (5.4), and bulk density (1.4 g soil cm ) were typical for arable soils in the study area (Olesen et al. 2000) . SOC and TN declined rapidly with soil depth to ≤0.9 mg SOC g −1 and ≤ 0.1 mg TN g −1 at 100-300 cm, whereas clay contents and bulk density increased in subsoils as compared to topsoil (Table 2) . Enzyme activities in the topsoil were distinctly higher than in the subsoil B horizon, and virtually undetectable in the C horizon below 100 cm depth (Fig. S1a) . Profiles of PLFA concentrations aligned with this pattern, reflecting a rapidly decreasing microbial biomass with depth both for biomarkers attributed to gram-negative bacteria, gram-positive bacteria, and fungi (Fig. S1b, c) .
Root chemistry
The five plant species (Table 3) ). However, TN concentrations were divergent among the plant species, ranging from 5 to 24 mg N g −1 with highest concentration for M. sativa. The resulting C/N ratios showed clear difference between M. sativa (C/N ratio, 18) and the other plant species (C/N ratio, 35-85). Further, C/N ratios were typically similar or higher for subsoil roots than for topsoil roots (except for R. crispus).
SOL fractions were the main constituent (528-880 mg g ).
Effects of root chemistry on carbon mineralization
Mineralization patterns and root-induced carbon loss
Rates of CO 2 production in topsoil reference treatments were typically less than 1-2 μg C g −1 soil h −1 during the incubation period, with an average of 0.6 μg C g −1 soil h −1 (Fig. 1a and S2a) . In subsoils, reference mineralization rates were likewise low, typically less than 0.5 μg C g −1 soil h −1 (Fig. 1b,c and S2b,c). Positive controls (GN treatments) showed high and immediately induced CO 2 mineralization rates in topsoil with a maximum of 42.1 μg C g −1 soil h −1 (Fig. 1a) . For subsoils, a lower but still substantial mineralization rate in GN treatments occurred after a lag-phase of 4-5 days (Fig. 1b, c) . Mineralization rates in all GN treatments decreased to background levels within 2 weeks and stabilized throughout the incubation period ( Fig. 1 and S2 ). Root biomass stimulated CO 2 production in topsoil already after 1 day of incubation (Fig. 1d and S2 g) 
). A similar pattern was seen for subsoils after a lag-phase (2-3 days), i.e., with highest and lowest stimulation by M. sativa and M. × giganteus, respectively (Fig. 1e , f and S2 h,i). In both topsoil and subsoil, carbon mineralization generally decreased to constant rates within few weeks ( Fig. 1 and S2 ).
TC analyses a few hours after root and GN amendments quantitatively recovered the nominally added carbon concentrations (Table S1 ) with mean ± SE of 101.1 ± 0.5% (n = 21). Subsequent cumulative carbon losses from topsoil GN treatments (positive controls) after 1 and 20 weeks represented 58 and 86% of the added carbon, respectively (Fig. 2a, b) . After 1 week, the losses in subsoils were lower than in topsoils (Fig. 2a) , but after 20 weeks the losses were similar, i.e., reaching 71-84% of the added carbon (Fig. 2b ). For treatments with added root biomass, cumulative carbon losses varied with highest losses for M. sativa (60-75% after 20 weeks) and lowest losses for M. × giganteus (10-21% after 20 weeks). Across the root treatments, the net carbon losses in topsoil were higher than in subsoils after 20 weeks (P < 0.01), i.e., with average losses of 58%, 41%, and 32% in topsoil, subsoil B horizons, and subsoil C horizons, respectively. However, for M. sativa (high losses) and M. × giganteus (weak losses) the differences in carbon losses among soil horizons were nonsignificant.
Correlation between carbon mineralization and root chemistry
Cumulative carbon mineralization after 1 week, caused by roots in subsoils, was strongly correlated to root TN Data are means ± standard error (n = 3). Uppercase letters indicate significant differences (P < 0.05) between treatments; lowercase letters indicate significant differences (if any) between soil depths within treatments. Root biomasses: Ms, M. sativa; Av, A. vulgaris; It, I. tinctoria; Rc, R. crispus; Mg, M. × giganteus. Av-1 and Av-2 denote Av roots from topsoil and subsoil, respectively concentration (r = 0.91-0.99, P < 0.05), whereas such correlation was weaker (r = 0.57) and non-significant in topsoil (Table 4) . A similar, but less clear pattern was seen for the C/N ratio, thus indicating a crucial role of the root N concentration for subsoil carbon mineralization. Cumulative carbon mineralization after 1 week correlated negatively with LIG and LIG/N ratio, but this was significant only in topsoil (Table 4) . Correlations between carbon mineralization after 1 week and HEM and CEL were mostly negative, albeit weak and non-significant (P ≥ 0.28). Cumulative carbon mineralization in topsoil after 20 weeks still was poorly correlated to root TN concentration and strongly (negatively) correlated to LIG (Table 4) . Negative correlation to HEM (r = 0.94, P < 0.01) suggested that this fraction also restricted root-induced carbon mineralization in topsoil after 20 weeks. For subsoils, the correlations between cumulative carbon mineralization and root TN concentrations were weaker after 20 weeks than after 1 week. However, negative correlations to LIG and LIG/N ratio became stronger and significant at least in the subsoil B horizon (Table 4) .
The role of N availability for carbon mineralization in subsoils was substantiated by marked stimulation in CO 2 production when NO 3 − was added to subsoil treatments with A. vulgaris, I. tinctoria, and R. crispus roots after the 20-week incubation period (Fig. S5) . Such an N-induced stimulation of CO 2 production was absent in subsoils with GN, M. sativa, and M. × giganteus (Fig. S5 ), in accordance with higher microbial N availability (and carbon mineralization) during the preceding 20-week incubation period at least for GN and M. sativa.
Effects of root chemistry on soil microbiology β-Glucosidase activity
The initial β-glucosidase activity across treatments was 11.3 μg NP g −1 h −1 in topsoil, but more than 10-fold lower in subsoils (Fig. 3a) . This aligned with enzyme activities in the native soil profile (Fig. S1a) . During incubation for 1, 5, and 20 weeks, β-glucosidase activity in topsoil treatments increased up to 3-fold (Fig. 3b, c  and d ). In subsoil, β-glucosidase activity was only weakly stimulated after 1, 5, and 20 weeks in treatments with A. vulgaris and R. crispus, whereas notably M. sativa and positive controls (GN) showed a pronounced increase in enzyme activity (Fig. 3b, c and d) .
The highest stimulation of enzyme activity was consistently found in the subsoil C horizon (Fig. 3b, c and d) .
The resulting β-glucosidase activity was strongly correlated to the root TN concentration with correlation coefficients of r = 0.81-0.97 (P ≤ 0.05) for the B horizon and r = 0.87-0.94 (P ≤ 0.02) for the C horizon (Fig. 4) .
Carbon source utilization
After the 1 week soil incubation, the MicroResp CSU potential for glucose and NADG in topsoil (Fig. 5a , b) For corresponding subsoil assays, only GN and M. sativa treatments showed detectable CSU (Fig. 5a, b) . With repeated MicroResp after 1 day of carbon source exposure, CSU potentials for glucose and notably NADG (Fig. 5d , e) were consistently high in topsoil across all treatments. Subsoil treatments generally showed a lower and varying mineralization potential, yet with more consistent rates for NADG than for glucose (Fig. 5d, e) . The CO 2 production from vanillin was always negligible, i.e., indicating high persistence across all soil depths and treatments (Fig. 5c, f) . Thus, neither foregoing soil incubation with root biomass nor subsequent 1-day exposure to vanillin resulted in substantial microbial vanillin mineralization.
The patterns of CSU in treatments incubated for 2 h, 5 weeks, and 20 weeks (Fig. S6) resembled those for 1 week (Fig. 5) , basically underlining the main results of weak instant CSU of glucose and NADG in subsoils, stimulated CSU after 1-day exposure notably to NADG, and virtual absence of vanillin mineralization.
Bacterial gene copies
Bacterial 16S rRNA gene copy numbers were quantified for topsoil A and subsoil C horizons incubated with roots of M. sativa, I. tinctoria, and R. crispus as well as reference treatments. Gene copy numbers in initial topsoil incubations corresponded to 0.5-0.8 × 10 9 cells g −1 with no significant differences among the treatments (Fig. 6a) . In subsoil, gene copy numbers were lower, by three orders of magnitude, corresponding 0.1-4.8 × 10 6 cells g −1 with the lowest numbers in reference treatments ( ). A similar pattern was found in subsoil root treatments, but most conspicuously for M. sativa treatments where cell numbers increased by two orders of magnitude to 0.3 × 10 9 cells g −1 (Fig. 6b) .
Discussion
The studied topsoil and subsoils represented a typical sandy loam profile, which had developed under unfertilized grassland for about 20 years at a site previously under arable agriculture. The conspicuous declining depth distribution of SOC, TN, and microorganisms reflected the pattern of inputs of plant-derived carbon being highest at the soil surface (e.g., Heinze et al. 2018; Schrumpf et al. 2013) . In this way, the soil profile resembles profiles from both sandy, loamy, and clayey soils, where microbial numbers and activities are often two to three orders of magnitude higher in topsoil than in ). Root biomasses: Ms, M. sativa; Av, A. vulgaris; It, I. tinctoria; Rc, R. crispus; Mg, M. × giganteus. Av-1 and Av-2 denote Av roots from topsoil and subsoil, respectively subsoils (Fierer et al. 2003b; Heitkötter et al. 2017; Taylor et al. 2002; Vinther et al. 2001) .
Roots with different chemical composition were isolated from five plant species including M. sativa, which is known for biological N fixation (Carlsson and HussDanell 2003) . The C/N ratio of the present M. sativa roots aligned with previous studies (Raiesi 2006) and was distinctly lower than C/N ratios for the other plant species. In general, the average proportions of HEM, CEL and LIG in the roots across plant species and depths (97, 148 and 80 mg g −1 , respectively) were at the lower end of values reported in previous studies (Aulen and Shipley 2012; Lindedam et al. 2009; Redin et al. 2014 ). This most likely reflected that roots were collected after a growth period of two months, when the plants were still in vegetative growth (Abiven et al. 2011; Picon-Cochard et al. 2012 ). Potential differences between new and older root biomass were not pursued, but the present study rather relied on selection of taxonomically different plant species to test the influence of chemically different roots on subsoil carbon mineralization and microbial dynamics.
Carbon mineralization in relation to root chemistry
Previous studies have suggested that simple chemical variables can be indicators of the decomposition rates when different litter types decompose in the same environment (Zhang and Wang 2015) . In the present study, net carbon losses after 1 and 20 weeks varied among root treatments and were correlated to root chemistry, notably to TN concentrations in the case of subsoils (Table 4) . Overall, the data suggested that LIG and HEM concentrations were important for controlling carbon mineralization rates in topsoil, whereas TN was important in subsoil with LIG content becoming more influential (negatively) over time. The importance of N limitation for carbon mineralization in subsoils was substantiated by MicroResp assays, where spiking with inorganic N (after the 20-weeks incubation period) stimulated carbon mineralization in N-poor root treatments, although not in the case of M. × giganteus (Fig. S5) , which had the highest concentrations of LIG and HEM. This showed that factors other than N availability played a role in root decomposition (Aulen et al. 2012; Machinet et al. 2009 ), as also ) substantiated the role of LIG contents in root carbon turnover (Fig. S5) . Several studies have demonstrated that lignin is recalcitrant and may reduce the microbial accessibility of polysaccharides through formation of links between lignin and polysaccharides (Berg and Laskowski 2005; Bertrand et al. 2006) . The general absence of vanillin mineralization during MicroResp in the present study indicated that the soil microbiome was not specifically adapted to degradation of highly complex lignified carbon compounds. This may to some extent explain the highest retention of root carbon in the M. × giganteus treatments.
Carbon mineralization in topsoil and subsoils Stimulated carbon mineralization occurred rapidly in topsoil after amendment of root biomass and GN, whereas a lag-phase of 4-5 days preceded substantial carbon mineralization in subsoils. The lag-phase could be related to proliferation or activation of a microbial community with sufficient metabolic enzyme capacity, which was already present in the topsoil where carbon inputs (in situ) occurred continually (Sanaullah et al. 2011) . The duration of the lag-phase (days rather than hours), and the increase in bacterial gene copies after 1 week, aligned with microbial proliferation as the main source of increased carbon mineralization in subsoils (Alexander 1977) . Input of carbon compounds (in situ) was highly restricted in the native subsoils, which developed under unfertilized grass, where roots were mainly present in the A horizon. Hence, energetic and/ or nutritional limitation likely constrained microbial growth and activity in the subsoils (Fierer et al. 2003a; Fontaine et al. 2007) , which, however, were responsive to amendments of root biomass. The lag-phase observed was shorter than typically found under field conditions (Sanaullah et al. 2011) , most likely reflecting the incubation procedures with optimal conditions of moisture and temperature, homogeneous admixture of the carbon compounds, and the conditioning (grounding) of plant roots harvested at relative young age. Yet, the qualitative responses recorded under controlled conditions were considered as indicative of processes, which could was assayed instantly (left panels) and after 1 day adaptation to glucose, NADG, and vanillin (right panels). Symbol areas denote the CO 2 production rate (maximum area, 9.0 μg CO 2 -C g −1 soil h −1 ). Root biomasses: Ms, M. sativa; Av, A. vulgaris; It, I. tinctoria; Rc, R. crispus; Mg, M. × giganteus. Av-1 and Av-2 denote Av roots from topsoil and subsoil, respectively prevail also under less optimal conditions, though likely at slower rates.
The cumulative root-induced carbon losses after 20 weeks were significantly higher in topsoil (58% of added carbon) than in subsoil (32-41% of added carbon). This difference could be interpreted in relation to the duration of the incubation (i.e., merely reflecting higher mineralization rates in topsoil than in subsoil), but potentially also in relation to different soil properties with subsoils having higher potential of organic carbon protection by mineral association, more severe nutrient limitation, and/or lower metabolic versatility than topsoil (Fontaine et al. 2007; Heitkötter et al. 2017; Rumpel and Kögel-Knabner 2011; Salomé et al. 2010) . On a longer time-scale, Sanaullah et al. (2011) found that more root-derived carbon was retained in subsoil than in topsoil after 6 months of incubation (using wheat roots in litterbags), whereas equal amounts were retained after 3 years, i.e., indicating merely a difference in mineralization rates. Similar results were reported by Li et al. (2015) and could also be partly inferred from the GN treatments in the present study, where initial differences in topsoil and subsoil carbon losses prevailed after 1 week, but were leveled out after 20 weeks of incubation. These results suggest that lower carbon losses in deep soil layers may be the result of delayed mineralization rather than greater protection through mineral association or absence of metabolic potential. Additionally, potential priming effects may be higher in topsoil than in subsoil when organic compounds are added (Meyer et al. 2018) , which could likewise contribute to the generally higher net carbon loss in the topsoil. In the present deep subsoil, with very low SOC concentration (0.4 mg g −1 ), priming effects were expectedly of minor importance. For example, mineralization of as much as 15% of the SOC due to priming (Fierer et al. 2003a; Heitkötter et al. 2017 ) would contribute to only 6% of the average CO 2 production induced by roots in the subsoil C horizon.
N limitation of microbial activity in subsoil Addition of root biomass increased β-glucosidase activity, and this increase was positively correlated to root TN concentrations. Although the correlation analyses were based on a relatively small sample number (and could be sensitive to single observations), this pattern aligned with the bacterial population growth that was most pronounced for the N-rich M. sativa root amendments. Moreover, in MicroResp assays, the N containing substrate NADG resulted in higher respiration rates than glucose devoid of N. Collectively, these results indicate that microbial activity was limited by soil N availability when carbon substrates were added, consistent with other studies (Fierer et al. 2003a; Fontaine et al. 2007; Heitkötter et al. 2017) . Stimulation of microbial growth and activities was linked to TN of added roots (and GN) at all three soil depths, but the importance may be higher for microbial functions in subsoil compared to topsoil. In topsoil, where the inherent microbial biomass and activity was high, addition of root biomass only resulted in two to three fold relative increase in microbial parameters (i.e., β-glucosidase activity, CSU, and bacterial cell numbers), whereas the relative increase in subsoils treated with Nrich materials (M. sativa and GN) was two to three orders of magnitude. 
Implication for subsoil carbon sequestration
Deep-rooted plants can be implemented in agroecosystems, but are also common in natural biomes Jackson et al. 1996) where deep rooting has importance for water and nutrient uptake, as well as for carbon cycling (Lynch and Wojciechowski 2015) . Our results suggest that subsoil root carbon turnover was limited by microbial N availability. Since low N concentrations are common in subsoils (Fierer et al. 2003b; Jia et al. 2017; Tian et al. 2016) , this limitation could represent a general mechanism for retention of plant carbon in deep soil layers. However, the persistence of this retained plant carbon pool may not be permanent and could be subject to decomposition by addition of N. Direct or indirect agricultural practices that promote N distribution in deep soil profiles could therefore increase carbon losses in subsoils. Yet, such carbon losses would be associated with microbial growth and potential longterm stabilization of anabolic microbial carbon remains (Cotrufo et al. 2015; Liang et al. 2017) , representing a fraction of the metabolized plant carbon. In agricultural subsoils influenced by NO 3 − leaching, ingrowth of deep roots may assimilate and remove N, thereby lowering the potential for microbial carbon mineralization in addition to providing input of plant-derived carbon. Conversely, introduction of deep roots and exudates may also activate a dormant subsoil microbiome and induce carbon turnover potentially priming the metabolism of native subsoil carbon (Bernal et al. 2017) . It seems, therefore, that the resulting carbon dynamics related to deep root ingrowth in subsoils is closely linked to the dynamics of nutrient availability, here specifically illustrated for N, but potentially also related to other major elements like P and S (Heitkötter et al. 2017) . In addition to the role of subsoil N, our results showed that chemically complex carbon fractions in root biomass, such as LIG, can influence the dynamics of carbon storage in deep soil. Even though microbial activity may be enhanced by root carbon and nutrient input, cultivation of plant species such as M. × giganteus with high root concentrations of chemically recalcitrant compounds may represent a mechanism for combined stabilization of carbon from anabolic microbial remains and plant-derived carbon fractions (Liang et al. 2017 ). Yet, M. × giganteus has a relatively shallow root distribution (Monti and Zatta 2009 ) and for subsoil carbon sequestration other deep-rooted plant species with appropriate root chemical characteristics should probably be selected.
As a synthesis, our study was compatible with a concept of N availability and root chemically recalcitrant compounds (such as LIG) interacting on control of subsoil carbon turnover (Fig. 7) . Firstly, root biomass high in N concentration and low in recalcitrant carbon may be readily mineralized in subsoils ( Fig. 7a; high N lignin). Yet, even if recalcitrant carbon is low, the mineralization may be limited when biomass N is low ( Fig. 7a ; low N, low lignin); but this limitation may be alleviated by exogenous N (Fig. 7b) . Secondly, inherent chemical recalcitrance may further contribute to delayed carbon mineralization, even when root N limitation is not prevailing ( Fig. 7a ; medium N, high lignin); this limitation is not alleviated by exogenous N (Fig. 7b) . Further research should focus on exploring suitable crops and management options, which are beneficial for stimulating carbon storage, for example based on combined assets of providing high crop yields, efficient N uptake, and chemically complex root fractions allowing stabilization of carbon fractions related to both metabolic and anabolic microbial activity. Taylor J, Wilson B, Mills MS, Burns RG (2002) 
